Microbial community composition is essential for aquatic ecosystem functions and has been explored across diverse environments and various spatial scales. However, documented patterns are often based on samples from spatially/geographically separated locations or sites. Here, we define sampling volume as spatial scale and examine (by Illumina 16S rRNA sequencing) microbial community composition over a scale of 1 mL to 10 L in an acid mine drainage. β-Diversity analysis revealed that all samples grouped very tightly according to spatial scales and variations between every two scales were significant. Notably, mean β-diversity within each group was negatively correlated with spatial scales, indicating patchy microbial distribution. Partition of β-diversity further revealed that it was the relative abundances of some microbial taxa that largely changed among spatial scales. Phylogenetic analysis showed that microbial lineages were not randomly distributed, but displayed a tendency of more phylogenetically clustering at smaller spatial scales. Thus, we documented fine-scale spatial patterns in microbial community composition within a continuous aquatic environment, which may have practical implications for adequate sampling of aquatic systems in future studies.
INTRODUCTION
A central goal of microbial ecology is to understand how natural communities are generated and maintained. Exploring patterns in the spatial distribution of microorganisms may give us clues about the underlying mechanisms that structure microbial communities (Sunagawa et al. 2015) . In the past years, many studies have investigated spatial changes in microbial biodiversity in various terrestrial and aquatic ecosystems (Fierer et al. 2012; Hanson et al. 2012; Gibbons et al. 2013; Whitaker et al. 2014) . The microbial assemblages in freshwater environments across different spatial scales over local, regional and continental gradients have been particularly intensively examined (Yannarell and Triplett 2004; Jones et al. 2012; Logares et al. 2013; Lear et al. 2014) . Cross-lake studies revealed that microbial community composition is extremely variable, and that different chemical and physical properties, such as pH, nutrients and temperature, have been implicated as the primary drivers of the observed community variations (Yannarell and Triplett 2005; Wu and Hahn 2006; Berdjeb et al. 2011) . Despite evidence that some bacterial clades have widespread distributions, there may be regional variations in bacterial community composition (Glöckner et al. 2000; Yannarell and Triplett 2004) .
A few other works have focused on within-lake community dynamics, documenting both vertical and horizontal variations in bacterial community composition (Urbach et al. 2001; Yannarell and Triplett 2004; Garcia et al. 2013; Lear et al. 2014) .
The microbial community composition in freshwater ecosystems may be affected by multiple factors including patchy physicochemical properties, dispersal limitation, species interaction or competition exclusions. The relative contribution of these factors to β-diversity depends largely on spatial scale (Hanson et al. 2012) . Therefore, examining variations in microbial community composition and species richness at high spatial resolution may help narrow down the factors driving community structure patterns and link that structure to observed heterogeneity in biogeochemical processes (Doney et al. 2012; Stocker 2012) . However, previous studies exploring spatial variations in microbial communities in aquatic systems (between or within lakes) have typically analyzed samples taken from spatially/geographically separated sites/locations. One fundamentally important question is how to adequately sample a specific aquatic community with respect to sampling volume and the number of replicates; this has not been systematically investigated. Here we report a new attempt in which we defined sampling volumes as different independent spatial scales and investigated how community composition varies at variable fine spatial scales. We applied an intensive sampling scheme (over a scale of 1 mL to 10 L with at least eight replications each) to an acid mine drainage (AMD) community. Such extreme mining environments, due to its reduced levels of species richness, have been well recognized as model systems for quantitative analysis of microbial ecology and community function (Baker and Banfield 2003; Huang, Kuang and Shu 2016) . Our results revealed that microbial community composition (resolved by Illumina 16S rRNA gene sequencing) differed significantly at variable fine spatial scales, and that the diverse phylogenetic lineages tended to be more clustered at smaller spatial scales.
MATERIALS AND METHODS

Field sampling procedures
Extensive mining of the Dabaoshan polymetallic ore (24
• 31'37 N,
113
• 42'49 E) at Shaoguan, Guangdong Province, China, has led to the formation of AMD which has a low pH (2.4; determined onsite), high concentrations of heavy metals (Fe 3+ , 311 ± 3 mg/L;
Zn, 104 ± 4 mg/L; Fe 2+ , 84 ± 10 mg/L and Cu, 3.7 ± 0.2 mg/L) and sulfate (1449 ± 61 mg/L; determined in the laboratory). Before discharging directly to the environment, the drainage effluent is temporarily stored in a big storage pond downstream the mine site. Water samples were taken at a depth of ∼10 cm at a single site 2 m offshore. Six levels of sampling volume, i.e. 1 mL, 5 mL, 50 mL, 500 mL, 5 L and 10 L, were included, with at least eight replicates for each volume. Samples were collected on site by prefiltering using a peristaltic pump through a 3-μm filter membrane (Whatman, GE Healthcare, Chicago, NY) to remove impurities and then filtering through a 0.22-μm filter membrane (Pall Corporation, Port Washington, NY). On collection, the membranes were kept in sterile 50-mL centrifuge tubes on dry ice for transportation to the laboratory where they were stored at -80 • C before DNA extraction. Physicochemical variables including pH, temperature, electronic conductivity, dissolved oxygen, total organic carbon, and concentrations of heavy metals and sulfate were determined either onsite or in the laboratory with the filtrates as described previously (Kuang et al. 2013) .
DNA extraction
The cell pellets on the membranes were ground thoroughly in liquid nitrogen and then dissolved in 4.4 mL of STE buffer (100 mM NaCl, 10 mM Tris-Cl, pH 8.0 and 1 mM EDTA). Lysozyme (250 μL at 20 mg/mL) and proteinase K (125 μL at 10 mg/mL) were added and then incubated for 30 min at 37
• C (water bath).
After that, 250 μL of 20% SDS was added and incubated at 65 • C for 2 h with gentle mixing every 30 min. After a 10 000 × g centrifugation for 10 min, the supernatant was transferred to 2-mL microcentrifuge tubes and then extracted using an Omega Bacteria DNA kit (Omega Bio-tek, Norcross, GA) as per the manufacturer's instructions. The quantity and purity of extracted DNA were evaluated by using a Nanodrop ND-1000 spectrophotometer (Nanodrop Technologies, Wilmington, DE) and 0.8% agarose electrophoresis.
DNA sequencing and sequence analysis
The V4 region of bacterial and archaeal 16S rRNA genes was amplified with prokaryotic universal primers F515 (5 -GTGCCAGCMGCCGCGGTAA-3 ) and R806 (5 -GGACTACVSGGGTATCTAAT-3 ) (Bates et al. 2011 ) with a sample-specific 12-bp barcode on R806. The 30-μL PCR mixture contained 0.6 μL of each forward and reverse primer (10 μM), 1 μL of template DNA (10−50 ng), 3 μL of 10 × ExTaq buffer (TaKaRa), 0.2 μL of ExTaq polymerase (TaKaRa), 2.4 μL of 2.5-mM dNTP mix and 22.2 μL of ddH 2 O. Amplification was performed by 3 min of denaturation at 95
• C and then 30 cycles of 30 s at 90
• C, 45 s at 52 • C and 2 min at 72 • C, followed by a final extension at 72
• C for 10 min. Each DNA sample was amplified in four replicates, and replicate amplicons for each sample were pooled for purification with a QIAquick gel extraction kit (Qiagen, Chatsworth, CA). Two composite samples were prepared by combining approximately equimolar amounts of purified PCR products from each sample and then sequenced on the Illumina Miseq PE300 platform (Illumina Inc., San Diego, CA). Data were processed with the Mothur software package (Schloss et al. 2009 ) for quality control including data filtering, assembling of paired-end reads, and removal of primers, chimeras and singletons (Liu et al. 2015) . Quality sequences were subsequently assigned to samples according to their unique 12-bp barcodes and binned into phylotypes using the UPARSE platform (Edgar 2013) at the 97% similarity level. Representative sequences were aligned using Sliva reference alignments implemented in the Mothur software. Taxonomic classification of phylotypes was determined based on the Ribosomal Database Project Classifier (Cole et al. 2014) at the 80% threshold.
Statistical analysis
Relative abundances (%) of individual taxa within each sample were estimated by comparing the number of sequences assigned to a specific taxon versus the number of total sequences obtained for that sample. All calculations of α-and β-diversity were based on a randomly selected subset of 50 000 sequences per sample. The number of operational taxonomic units (OTU), Chao1 species richness, Shannon diversity and evenness were calculated using the Mothur software (Schloss et al. 2009 ). To compare the community composition across all AMD samples, β-diversity indices were calculated based on weighted UniFrac, unweighted UniFrac and Bray-Curtis distances. Non-metric multidimensional scaling (NMDS) was used to visualize community difference. Significance tests for patterns observed by NMDS were performed using three different complementary non-parametric multivariate analyses: analysis of similarity (ANOSIM), non-parametric multivariate ANOVA (Adonis) and multiresponse permutation procedure (MRPP). The distance matrix for these analyses was calculated using the Bray-Curtis similarity index. All three procedures (ANOSIM, Adonis and MRPP) were performed using the Vegan R package (Oksanen et al. 2007) . Mantel test was used to determine the relationships between β-diversity and pairwise difference in spatial scales (sample volumes). Mean β-diversity distances in different spatial scales were calculated to assess the reproducibility within replicates, and Spearman's correlation was used to test for relationship between mean β-diversity and spatial scale. The Bray-Curtis dissimilarity was further partitioned into two components, balanced variation in abundance and abundance gradients, in betapart R package (Baselga 2013) .
Phylogenetic distribution pattern analysis
Phylogenetic structure was quantified for all samples using R packages. Only abundant species (relative abundance > 0.1% of community) were included in the analysis. Mean pairwise distance (MPD) and mean nearest phylogenetic taxon distance (MNTD) within each sample were calculated. Spearman's correlation was used to test for the relationship between MPD or MNTD along with spatial scale.
Nucleotide sequence accession number
The sequences determined in this study have been deposited in the NCBI Sequence Read Archive under the accession number SRR4254526.
RESULTS
Overall community composition and diversity
The Illumina deep sequencing generated (after quality control and removal of singletons) a final dataset of 11 226 185 quality 16S reads, with a range of 52 088 to 455 911 per sample. A total of 11 613 bacterial and 816 archaeal phylotypes (OTUs) were detected across all 55 samples. The OTU richness in each community ranged from 850 to 3455 with an average of 1699.
Taxonomic affiliation revealed that the abundant phyla identified remained similar at all spatial scales, with Proteobacteria (relative abundance ranging from 45.5% to 82.1%), Firmicutes (0.6%−36.2%) and Euryarchaeota (1.3%−22.3%) as the most dominant lineages and Nitrospira (0.3%−7.7%), Acidobacteria (0.2%−1.5%), Actinobacteria (0.1%−2.8%) and Thaumarchaeota (0.3%−8.2%) as the less abundant (but still detected in all of the samples) lineages. At the genus level, the most abundant taxa were affiliated with the Ferrovum (8.2%−60.9%), Carnobacterium (0.1%−30.5%), Klebsiella (0.1%−12.7%), Yersinia (0.1%−11.6%), Acidithiobacillus (1.2%−10.8%), Leptospirillum (0.3%−7.7%) and Acidiphilium (0.6%−5.0%).
Microbial community composition at different spatial scales
Microbial α-and β-diversity were evaluated based on 50 000 sequences randomly selected from each sample, in which the extent of microbial diversity was generally similar as revealed by rarefaction analysis (Fig. S1 and Table S1 , Supporting Informa- tion). No significant relationships were observed between patterns in α-diversity and spatial level (Table S1 ). However, the AMD samples grouped very tightly according to spatial scales in NMDS plots using three distance metrics (Bray-Curtis, weighted UniFrac and unweighted UniFrac). Notably, the community composition of samples of big volumes (10 L and 5 L) remained similar but was distant from those of samples of small volumes (e.g. 1 and 5 mL) (Fig. 1A) . Moreover, the results of three complimentary non-parametric multivariate statistical tests (ANOSIM, Adonis and MRPP) also showed clear spatial (volume-dependent) patterns in the overall microbial community composition. Variations in microbial community composition were more significant between samples with greater differences in spatial scales (Table 1 ). In addition, the UPGMA clustering based on Bray-Curtis distance also revealed a clear separation of microbial community composition between different spatial scales (Fig. 1B) . Further pairwise comparisons of compositional distances between samples revealed a significant rise with spatial differences based on Bray-Curtis ( Fig. 2A) , weighted UniFrac and unweighted UniFrac distance metrics (data not shown). Mantel test also revealed that dissimilarity in microbial community composition between samples was highly correlated with spatial scale (ρ = 0.83; P = 0.001). These results suggested that the microbial communities across relatively similar spatial scales tended to be compositionally similar but tended to be more dissimilar across relatively different spatial scales. On the other hand, average β-diversity distances within replicates declined with spatial scales based on Bray-Curtis (Fig. 2B) , weighted UniFrac and unweighted UniFrac distance metrics (data not shown). Spearman's correlation tests also indicated that the microbial communities at relatively larger spatial scales varied less among replications compared with those at smaller scales (ρ = -0.30; P < 0.001). Further examination of abundant OTUs (relative abundance > 0.1% in each sample) shared within all replicates at the same spatial scale revealed that the proportions of shared abundant OTUs were positively correlated with spatial scales (ρ = 1; P < 0.001). These results showed that community dissimilarity was larger at relatively smaller spatial scales, indicating patchy microbial distribution in the AMD environment.
Microbial relative abundance at different spatial scales
To investigate whether the different microbial community composition mainly resulted from the presence or absence of species in each sample or from the change of species abundance in the samples, we used the partition provided by Baselga to separate the abundance-based dissimilarity as measured by the Bray-Curtis index into two components, balanced variation in abundance (d BC-bal ) and abundance gradients (d BC-gra ) (Baselga 2013) . The result showed that community dissimilarity may result from both components but was mostly due to balanced variation in abundance. A Mantel test revealed that balanced variation in abundance positively correlated with spatial scale with the same ρ value as mentioned above (ρ = 0.83; P = 0.001), whereas the abundance gradient component was not significantly correlated with spatial scale.
Specifically, while relative abundances of some microbial taxa remained similar at various spatial scales, relative abundances of other taxa were significantly different ( Fig. 3 and Fig. S2 , Supporting Information). For instance, the relative abundance of Euryarchaeota was significantly higher in the large-scale samples versus small-scale samples, whereas the abundance of Firmicutes exhibited an opposite trend. At the class level, relative abundances of both Gammaproteobacteria and Nitrospira were significantly different among spatial scales, while abundance of Alphaproteobacteria remained relatively stable across different spatial scales. These results indicated that patchy microbial distribution might depend on spatial scales, and such patterns may be an indication of the respective lineages responding to the specific geochemical characteristics associated with specific microenvironments.
Phylogenetic distribution patterns in relation to scale
To investigate whether microbial distribution pattern associated with spatial scale, we calculated the MPD and MNPD values, which indicate the distribution of species with a close phylogenetic relationship. Both MPD and MNPD values were positively correlated with spatial scales (P < 0.001), suggesting that closely related taxa at smaller spatial scales tended to be more clustered, whereas phylogenetic relatives at larger spatial scales tended to be more overdispersed (Fig. 4) . Thus, our results indicated that microbial lineages were not randomly distributed in the AMD and could be affected by biotic or abiotic factors.
DISCUSSION
Fine-scale spatial patterns in the AMD microbial community
Our highly resolved 16S rRNA gene survey revealed that microbial community composition differed significantly over a scale of 1 mL to 10 L (Table 1) . Such fine-scale heterogeneity is similar to the variations of planktonic heterotrophic bacteria in lakes previously documented by plate counting (Palmer, Methot and Staley 1976) . Variability in microbial community composition and bacterial abundance at nanoscale has also been reported in the Lake Hodges due to the presence of algae (Krembs et al. 1998) . Patchy physicochemical properties may occur at microscale within most aquatic ecosystems (Azam and Malfatti 2007; Stocker 2012 ). While our physicochemical analyses showed that there were no significant differences of these characteristics among the AMD samples (data not shown), we could not rule out the possibilities that there are fine sediment particles in the water, and the uneven presence of such particles might contribute to different community composition. The presence of fine-scale heterogeneity in community composition may also indicate interactions among coexisting species (Stocker 2012) , and that the rates of biological and ecological interactions driving bacterial community assembly are occurring more rapidly than the rates of water movement and turbulence in the water body (Yannarell and Triplett 2004; Lear et al. 2014) .
On the other hand, inconsistent results have also been reported in earlier intra-lake studies. Lear et al. (2014) found that community composition differed significantly only when comparing samples located >20 m apart within the freshwater ponds, and Yannarell and Triplett (2004) identified no significant differences in bacterial community composition across scales of a few tens of meters within lakes. These inconsistent results may indicate two possibilities. First, the spatial scaling of microbial community characteristics varies widely among different freshwater ecosystems. Second, the magnitude of fine-scale heterogeneity is too small compared to the variability noted in a conventional survey of aquatic environments which typically considers a spatial scale of tens of meters. To resolve such fine-scale heterogeneity, sampling strategies including such nanoscale, microscale or centimeter-scale patches must be adopted, which would have a minor influence in characterization of microbial community composition. The latter possibility is more likely as our results showed that microbial community composition at relatively similar spatial scales tended to be similar, and the variations within replicates at larger spatial scales tended to be smaller (Fig. 2) .
Additionally, previous molecular investigations have documented temporal variations in microbial community in specific AMD environments. Different site-specific geochemical characteristics such as solution pH (Lear et al. 2009 ), conductivity and rainfall (Edwards, Gihring and Banfield 1999) , and oxygen gradient (Gonzalez-Toril et al. 2011) , which could change temporally, have been identified as major drivers of community composition at local scale across diverse AMD environments. Despite our evidence for patchiness in microbial community composition in the Dabaoshan AMD, further studies should include a temporal component to characterize the life span and movement of such community patches.
Phylogenetic clustering and dominant lineages in the AMD environment
Our analysis indicated that microbial lineages in the AMD environment were not randomly distributed, but instead showed a tendency of more phylogenetically clustering at smaller spatial scales (Fig. 4) . Similarly, Bryant et al. (2008) reported that bacterial communities along elevation gradient tended to be phylogenetically more closely related than expected by chance. Given that closely related taxa are more likely to be ecologically (or functionally) similar, our results indicated that bacterial lineages may harbor increasingly disparate ecological features (or functions) at increased spatial scales and are thus less phylogenetically clustered. According to modern coexistence theory (Mayfield and Levine 2010) , species coexistence is driven by the interaction of two types of species dissimilarity: niche difference and competitive ability difference. Phylogenetic clustering can arise from either competition or habitat filtering (Miyambo et al. 2016) . Further studies are required to identify the biotic or abiotic factors across fine spatial scales regulating the AMD microbial community. Nonetheless, the observed changes in relative abundances of some taxa across variable spatial scales may be an indication of phylogenetically narrow lineages responding to specific factors.
Despite the fluctuations in relative abundances across different spatial scales, the dominant lineages remained similar in all samples examined in our study. These abundant taxa were also comparable to those previously detected in diverse AMD environments across Southeast China (Kuang et al. 2013) . It is likely that AMD microbes, as with marine and soil bacteria (Gibbons et al. 2013; O'Brien et al. 2016) , may show a more cosmopolitan distribution than previously assumed. This sharing of taxa is likely indicative of a ubiquitous microbial 'seed bank' that is selected for and structured by local environmental characteristics, among which pH represents a major factor (Kuang et al. 2013) .
It remains unknown how heterogeneity in the AMD community is generated at every specific spatial scale. Nonetheless, the detection of scale-dependent heterogeneity may have significant implications for aquatic microbial ecology studies. Previous surveys often adopted a 'small-volume' sampling strategy (Yannarell and Triplett 2004; Jones et al. 2012; Logares et al. 2013; Lear et al. 2014) ; however, results of individual replicates could be highly variable owing in large part to variation in rare OTUs (Staley et al. 2013) . By examining β-diversity among replicates at different spatial scales (sample volumes), we showed that variations in microbial community composition at larger spatial scales tended to be smaller (Fig. 2B) . Although smallvolume sampling may provide the local conditions experienced by microbes, samples with larger volumes (e.g. via bulk sampling techniques) would represent a more representative community, containing more comprehensive information of the taxa present. Even for comparative analyses of different aquatic systems (e.g. multiple lakes), where among-system variation in microbial community composition is likely the most significant source of variation (and thus within-system variation could essentially be ignored) (Yannarell and Triplett 2004; Yannarell and Triplett 2005; Jones et al. 2012) , a more comprehensive dataset of microbial composition would facilitate further exploration of mechanisms of community assembly.
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